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Understanding the reactivity of nanoparticles in the environ-
ment is essential for unbiased assessments of their fate and 
impacts. To accurately measure nanoparticle transformation 

rates, determine the mechanisms of transformation, and identify 
the environmental compartments where transformations occur, 
reactivity assessments of nanoparticles should be done in ways that 
capture their complex and dynamic natural behaviour1. Mesocosms 
mimicking emergent freshwater wetlands are good tools for eluci-
dating nanoparticle fate in complex aquatic systems2–5 because they 
include submerged and unsubmerged zones and host a large diver-
sity of organisms. Using long-term low-nanoparticle-dose exposure 
scenarios in these mesocosms will also reveal the natural biogeo-
chemical processes driven by seasonal effects that may affect the fate 
of nanoparticles5.

Nanoparticles have unique properties that can lead to specific 
benefits and impacts6,7, and studying nanoparticle-specific behav-
iour in aquatic environments requires the use of nano-metallic 
tracers that are thermodynamically stable under environmental 
variations. For example, gold nanoparticles (Au-NPs) are often used 
as inert metallic tracers to follow specific nanoparticle behaviour in 
aquatic environments8–20, because they are relatively unreactive in 
abiotic water. Indeed, the standard oxidation potentials of Au0 to 
Au+ and Au3+ exceed that of water (equations (1), (2) and (3)), mak-
ing the formation of ionic Au in abiotic water thermodynamically 
unfavourable21:

→ + = − .+ − EAu (s) Au (aq) e 1 68 V (1)0 0

→ + = − .+ − EAu (s) Au (aq) 3e 1 5 V (2)0 3 0

→ + + = − .+ − E2H O(l) O (g) 4H (aq) 4e 1 23 V (3)2 2
0

However, the assumption of Au-NP stability could be incorrect in 
biologically active media because (1) it has been demonstrated that 
the oxidative dissolution of metallic gold can occur in biologically 
active soils22–24 (as described later), and (2) the inherent increased 
reactivity of nanosized particles6 could further enhance biodisso-
lution rates. Two studies assessing the fate of Au-NPs in aquatic 
environments have hypothesized that Au-NPs could dissolve18 or 
undergo surface oxidation19, but most studies do not assess Au-NP 
transformation in their experiments. Few studies have demon-
strated the absence of Au-NP dissolution under particular condi-
tions, in abiotic aqueous medium20, or confirming the absence of 
oxidized Au in vivo25–27. However, no studies have assessed the role 
of (micro)organisms and their biomolecules on Au-NP transforma-
tions in a biologically active complex aquatic system. Thus, knowl-
edge of how important these processes are in driving nanoparticle 
fate in aquatic environments is sparse.

The relative stability of Au-NPs against transformation may 
depend on the conditions that have been used to study their fate; that 
is, using relatively high concentrations of Au-NPs in abiotic systems 
or in systems with limited biological complexity, which may limit 
reactivity. As for other metallic nanoparticles, not accounting for the 
biotransformation of Au-NPs can lead to the misinterpretation of 
fate processes of non-dissolving nanoparticles by incorrectly assign-
ing observations of metal uptake and transport to specific particu-
late behaviour rather than ionic species. So far, the fate of metallic 
nanoparticles has been predicted using models28–30 that often only 
account for strictly abiotic nanoparticle transformations. It can also  
lead to confusion about mechanisms of toxicity by attributing toxicity  
to specific nanoparticle impacts rather than the released ions known 
to affect the functioning of the biological system31.

The biotransformation of Au-NPs in a biologically active aquatic 
environment is possible. Soil microorganisms could solubilize Au0 
via bio-oxidation and stabilization through complexation22. These 
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processes could happen with the emission of different ligands. 
Some soil bacteria can generate thiosulfates32, which can lead  
(in oxic environments) to Au oxidation and complexation33. Cyanide 
is well known for its ability to oxidize and complex Au0 and can be 
released by plants, fungi and soil bacteria34. The reactivity of bulk 
Au0 in soils and sediments has been investigated, and bio-driven 
geochemical models of Au cycling in soils have been proposed22,23. 
However, though solubilization of Au0 in soil or sediments has been 
correlated with the presence of microorganisms35, or demonstrated 
using isolated strains of cyanogenic soil bacteria cultivated under 
cyanide-forming condition36,37, there is no understanding of the 
mechanisms of transformation of Au species in biologically active 
compartments of the water column.

One important biologically active sink for metals in aquatic 
environments comprises aquatic vascular plants (macrophytes) and 
their associated microbiome. Freshwater wetlands are often domi-
nated by one macrophyte species38 that, by virtue of its high surface 
area, plays a dominant role in metal uptake, transformation, storage  
and thus entry of contaminants into the aquatic food webs39. In 
particular, macrophytes in wetland mesocosms have been found to 
have an affected metabolism under Au- and Cu-based nanoparticle 
exposure5 and form a significant sink for the accumulation of both 
pristine and transformed Cu- and Ag-based nanoparticles4. The 
initial contact between nanoparticles and these macrophytes will 
be with the surface microbiome of the plant, a matrix of organic 
and inorganic materials including biologically active microbial  
biofilms40. In the case of Au-NPs, these biofilms could be an impor-
tant driver for Au-NP biotransformation and fate, because Au from 
Au-NPs has been found to accumulate in macrophytes10 and in  
biofilms8,9, from where Au species can then be transferred into the 
food chain41. Monitoring Au-NP biotransformations in these impor-
tant aquatic reservoirs will improve our understanding of Au-NP 
cycling in aquatic environments, but they can also highlight some 
biological processes potentially affecting metallic nanoparticles in 
aquatic environments, including the rate and timescales at which 
accumulation and biotransformation can play a role in nanoparticle 
fate, and the organisms driving these processes.

Here, the accumulation and transformations of Au-NPs in  
macrophytes and associated biofilms were studied at the system 
level to elucidate the complex fate processes impacting Au-NPs. 
Low doses of metallic Au-NPs were added weekly to the water col-
umn of an aquatic freshwater wetland mesocosm for six months. 
The majority (~70%) of Au dosed in the mesocosms was found to 
be associated with the macrophyte Egeria densa and the biofilms 
growing on its shoots. This Au was not metallic, but transformed 
to oxidized species (Au-hydroxide, Au-cyanide and Au-thiols). The 
capacity for the biofilms on E. densa to perform this oxidation was 
investigated by exposing them to Au-NPs in vitro. These biofilms 
were able to dissolve a significant fraction (25–45%) of Au-NPs, and 
their biodissolution efficiency increased with the presence of bacte-
rial communities less adapted to metallic environments and with a 
higher capacity to release cyanide.

Au-NP accumulation and biotransformation
Au-NP fate was assessed in large replicated outdoor freshwater wet-
land mesocosms. The mesocosms were representative of a natural 
system, including an upland, a transition (periodically flooded) and 
an aquatic zone, with a large diversity of species and a complex food 
web (Supplementary Fig. 1). For six months, citrate-coated Au-NPs 
(~12 nm in diameter; Supplementary Fig. 2) were added weekly into 
the mesocosms’ (n =​ 3) water column (~300 l) until a total mass of 
500 mg of Au had been added. Three additional non-exposed meso-
cosms served as controls.

After six months of chronic additions of Au-NPs, the concentra-
tion of Au in the water column was only 4.4 ±​ 3.7 µ​g Au l−1, while 
Au concentrations associated with the macrophyte E. densa were 

500 ±​ 32 mg Au kg−1 (dry mass). Au concentrations in the control 
mesocosms were below the method detection limits (MDLs) in both 
water and E. densa (MDL =​ 0.7 µ​g Au l−1 in water and 0.2 mg Au kg−1 
of dry plants). The macrophyte biomass in the Au-NP-dosed meso-
cosms after six months was calculated to be 717 ±​ 89 g (dry mass). 
Thus, after six months, ~60–80% of the added Au was associated 
with E. densa. This level of accumulation makes the macrophyte 
the most important sink for Au in this system. Previous mesocosm 
experiments did not adequately assess the role of macrophytes 
on metallic nanoparticle fate. A previous study on Au-NPs in an 
estuarine mesocosm did not contain any submerged macrophytes8. 
Our previous study in a freshwater wetland mesocosm showed that  
E. densa strongly accumulated Ag- and Cu-based nanoparticles4, 
but the high doses of nanoparticles used induced detrimental effects 
on the macrophytes4,42, which led to low dissolved oxygen concen-
trations and high dissolved organic carbon42, probably affecting 
nanoparticle fate31.

An X-ray absorption near edge structure (XANES) spectrum of 
the E. densa tissues exposed to Au-NPs for six months was recorded 
at the Au–LIIIedge (Fig. 1a), along with reference spectra (Fig. 1b) to 
determine if any transformation of Au-NPs results from the accu-
mulation by E. densa and its associated microbiome. The XANES 
spectrum indicates that 100% of the Au associated with the plant 
tissues was oxidized, with no contribution of metallic Au0 to the 
signal. Linear combination fitting with Au reference spectra indi-
cated that the Au associated to E. densa tissues was complexed 
with cyanide (43 ±​ 8%), hydroxide (38 ±​ 4%) and thiol (19 ±​ 4%) 
ligands. To our knowledge, this is the first description of the oxi-
dation of metallic Au in association with an aquatic macrophyte. 
Giving the pH (9.2 ±​ 0.6) and the oxic conditions (dissolved oxygen 
144 ±​ 28% saturation) in the mesocosm water dosed with Au-NPs 
(Supplementary Fig. 3), these Au complexes should be stable43. This 
Au association with E. densa is consistent with previous microcosm 
(laboratory-based) studies that measured elevated Au concentra-
tions (5–25 mg Au kg−1) in E. densa exposed to 250 µ​g Au-NPs l−1 
(refs. 10,44). This accumulation was attributed to Au-NP surface 
adsorption onto the plants rather than assimilation (based on trans-
mission electron microscopy (TEM) observations). It is unclear if 
any Au0 oxidation had occurred in their system because Au specia-
tion was not determined.

Here, the presence of Au–cyanide complexes is probably due 
to the release of cyanide by cyanogenic organisms, as investigated  
later. Dissolution of Au0 by cyanide is a two-step reaction. Hydrogen 
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Fig. 1 | Speciation of Au associated to E. densa from mesocosms 
chronically exposed to Au-NPs for six months. a, XANES spectra at the 
Au–LIII edge of young shoots of E. densa. Experimental (black line) and 
calculated (red line) signals are presented as well as the proportion of 
each reference compound used in the fits. Quality factors resulting from 
this fit: R-factor =​ 2.3 ×​ 104, χ2 =​ 0.02, reduced χ2 =​ 4.5 ×​ 105. b, Reference 
compounds considered in fitting the experimental spectra. There is no 
contribution of Au0 to the sample spectra.
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cyanide (HCN) is a weak acid (pKa =​ 9.31)45, which dissociates in 
water to form CN− and H+. Oxygen is reduced and hydrogen per-
oxide is formed as an intermediate product, becoming the oxidizing 
agent. Au0 will thus be oxidized, and free cyanide in solution will 
complex with Au ions to form Au(CN)2

− (ref. 43). A summary of 
these partial reactions is represented in the Elsner reaction:

+ + + → +− − −4Au 8CN O 2H O 4Au(CN) 4OH (4)2 2 2

The strong complex that is formed between Au+ and CN− 
(K =​ 1039)43 results in a low standard electron potential for Au oxi-
dation and complexation in the presence of cyanide, rendering the 
formation of Au(CN)2

− complexes favourable in water43:

+ → + = − .− − − EAu(CN) e Au 2CN 0 57 V (5)2
0

Finally, the pH ranges measured in the mesocosms are close to the 
HCN pKa, making the cyanation process possible (Supplementary 
Fig. 3a). The presence of Au(OH)3(s) in this system could be  
generated from the presence of other oxidizing agents, such as reac-
tive oxygen species (ROS), either oxidizing Au0 at elevated pH, or 
from precipitation of Au(OH)3 in oxidative alkaline environments 
when OH– ligands can outcompete the CN– ligand for Au(iii) (ref. 43).  
The standard reduction potential of Au(OH)3 to Au is lower at 
higher pH (E0 =​ 1.48 V–0.0591 pH)21. Finally, because thiols cannot 
oxidize Au0, the presence of Au–thiol compounds could be a result 
of the displacement of CN ligands by S–R (thiol) groups, leading 
to the formation of soluble [RSAuCN]− or [RS2Au]− complexes46. 
All these Au transformations are likely to happen in the mesocosm  
system because the pH was high, so were the dissolved oxygen  
concentrations during the day (up to 200% saturation) due to  
macrophyte photosynthesis (Supplementary Fig. 3a,b).

Microbial biofilm composition and gold dissolution capacity
Biofilms were extracted from 25 young shoots of E. densa collected 
from each mesocosm, and tested for their ability to dissolve Au-NPs. 
Hereon, biofilms will be called ‘naive biofilm’ if taken from a control 
mesocosm and ‘pre-exposed biofilm’ if collected from a mesocosm 
exposed to Au-NPs for six months. The weight of biofilm extracted 
represented ~0.1% of the E. densa biomass (dry mass). Though the 
naive biofilm did not contain any Au, pre-exposed biofilm con-
centrations were 140 ±​ 60 mg Au kg−1 of biofilm (dry mass), which 
was higher than the surrounding Au concentration in water (~4 µ​g  
Au l−1). Previous studies showed a very high bioaccumulation of 
Au from Au-NPs (60%) by biofilms growing on glass slides in an 
estuarine mesocosm8, as well as the potential for trophic transfer 

of Au-NPs from periphytic biofilms to Gammarus fossarum under 
laboratory conditions41. The present results show that epiphytic bio-
films in freshwater mesocosms constitute a compartment able to 
accumulate high concentrations of Au-NPs directly at the surface 
of aquatic plants.

The naive and pre-exposed biofilms were characterized through 
16S rRNA genes sequencing (raw sequence data are provided in 
the Supplementary Information). Even though pre-exposed and 
naive biofilms had a similar richness (number of taxa, operational 
taxonomic units (OTUs)), their community compositions were 
different (88% of dissimilarity, Supplementary Figs. 4a,b and 5). 
From the 900 OTUs that are specific to the pre-exposed biofilm, 
389 (43%) belonged to OTUs that have been described to be pres-
ent in metal-impacted environments, or known to have a toler-
ance to heavy metals. For instance, the pre-exposed biofilm shows 
an increase in OTUs in the Cytophaga–Flavobacterium group 
of Bacteroidetes47, or in the family Nostocaceae of cyanobacte-
ria48, as well as in the genera Sulfurospirillum49, Clostridiaceae50, 
Dechloromonas51,52 and Pseudomonas53, the latter also being cya-
nogenic23,34. It is noteworthy that with the samples collected (a 
composite sample of biofilm from the 25 E. densa shoots collected 
in one mesocosm per treatment), we cannot conclude that these 
differences were a result of Au-NP exposure, as natural varia-
tion could occur. However, they represent differences between 
the microbial communities that were used as inocula for in vitro 
experiments to determine the rate, extent and mechanism of 
Au-NP dissolution, as discussed later. These differences in micro-
bial community composition, especially through an enrichment 
of metal-tolerant taxa in the pre-exposed biofilm, provide insight 
into the organisms that are responsible for the later described 
Au-NP biodissolution observations.

Naive and pre-exposed biofilms were incubated for two days 
in sterilized mesocosm water and then exposed to Au-NPs (70 μ​g  
Au l−1) along with biotic and sterile controls (four replicates each; 
Supplementary Table 1). Total and dissolved Au concentrations in 
water were measured after 0, 0.5, 3, 7 and 14 days of incubation. 
After two weeks, both the naive and pre-exposed biofilms dissolved 
large fractions of Au-NPs (45 and 25%, respectively) after 14 days of 
incubation (Fig. 2a). This high Au dissolution rate in vitro suggests 
that the oxidized Au detected in association with E. densa tissues 
probably resulted in major part from a local dissolution of Au medi-
ated by the biofilm present on the macrophyte.

These results also suggest a difference in biofilm dissolution 
capacities associated with initial differences in the composition of 
the biofilms, because no significant differences in biofilm biomass 
were observed under the different conditions (Fig. 2b). Initially, the 
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unexposed controls or exposed to 70 μ​g l−1 of Au-NPs. c, Resulting biodissolution potential of Au-NPs by the biofilms. The dissolved Au fraction in the 
sterile mesocosm water was below the MDLs. Asterisks indicate significant differences between the conditions: *P <​ 0.05, **P <​ 0.01, ***P <​ 0.001. The 
lower statistical significance (P <​ 0.06) of dissolution rate at earlier times is a result of the relatively high variability of the biomass measured in the system.
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Au-NP dissolution potential in the pre-exposed biofilm treatments 
was lower than in the naive biofilms (Fig. 3b). However, by the end 
of the experiments, the two biofilms reached a similar dissolution 
potential (~10 µ​g of Au per g of pre-exposed biofilm per day). This 
relatively rapid decrease of the Au biodissolution potential suggests 
that (1) Au-NPs and/or their transformed species modify the effi-
ciency of the biofilm responsible for Au-NP dissolution, for example 
via microorganisms selection, and/or (2) that exposures to Au-NPs 
lead to the release of biomolecules that can either bind or precipitate 
ionic Au, and/or reduce it back to insoluble species23,24.

Biofilm release of cyanide and gold complexation
The main driver of Au metal oxidative biodissolution in a low-
salinity aquatic oxic environment is likely to be through Au oxida-
tion and complexation with cyanide (as described earlier), which 
can be emitted by microorganisms as a secondary metabolite24,34. 
The concentration of free cyanide (both HCN and CN−) released 
before Au-NP addition by the naive biofilm (~700 µ​g l−1) was signif-
icantly higher than the release by the pre-exposed biofilm (~120 µ​
g l−1) (day 0, in vitro incubation, Fig. 3). This was probably due to a 
difference in composition of the pre-exposed biofilm communities 
and their potential to release34 or degrade54 cyanide. Indeed, OTUs 
affiliated to taxa able to degrade cyanide were more abundant in the 
pre-exposed biofilm, such as the genera Pseudomonas (pre-exposed: 
716 versus naive 391 OTUs) or Bacillus (pre-exposed: 3 versus naive 
0 OTUs)55. In contrast, some OTUs of families presenting taxa 
capable of cyanide release were more abundant in the naive biofilm, 
such as Neisseriaceae (naive: 452 versus pre-exposed: 61 OTUs) or 
Cyanobacteriaceae (naive: 115 versus pre-exposed 1 OTU)55. The 
higher concentration of free cyanide in solutions of the naive bio-
film before Au-NP exposure could be the result of a detoxification 
mechanism34, and could explain the overall higher initial Au-NPs 
biodissolution rate induced by the naive biofilms (Fig. 2a).

After 14 days, the concentration of free cyanide in solution  
significantly decreased for both biofilms. This could be due to the 
formation of Au(CN)2

− complexes, which will reduce the over-
all CN− concentration, Au(CN)2

− being not detectable by the 
probe. The pH also decreased over time (Supplementary Fig. 6), 
probably leading to the formation of volatile HCN (pKa =​ 9.3)45. 
Microorganisms also probably played a role in the cyanide concen-
tration decrease, because free cyanide could be use as a nitrogen 
source by the biofilms54. Finally, the overall cyanide emission could 
decrease as the biofilm production reduced and the community 
composition changed over time.

It is very likely that the formation of Au(CN)2
− is one of the major 

mechanisms inducing Au-NP biodissolution by the biofilm. Indeed, 
concentrations of free cyanide and dissolved Au concentrations 
are consistent with a 2:1 CN:dissolved Au ratio required to form 
Au(CN)2

− complexes. Furthermore, the measured free cyanide was 
positively correlated to the Au biodissolution potential (R2 =​ 0.68, 
P =​ 0.002), which was even stronger after 14 days (R2 =​ 0.77, 
P <​ 0.001). Au(CN)2

− complexes were detected in the presence of 
the naive biofilm but not the pre-exposed biofilm (Supplementary 
Fig. 7). This result is consistent with the dissolution potential being 
highest for the naive biofilm. In the case of the pre-exposed bio-
film, the fact that both a lower level of cyanide at day 0 (Fig. 3) and 
a lower dissolution potential (Fig. 2) was observed could explain 
why Au(CN)2

− was not detected in this sample. Finally, the biofilm 
growth induced a water pH decrease of 0.3–0.5 pH units over the 
time of the experiment (Supplementary Fig. 6), certainly lowering 
the amount of free cyanide in solution and thus decreasing the for-
mation of Au(CN)2

−.
Finally, the earlier description of the presence of cyanide, 

hydroxyls and thiols complexed to Au in association with E. densa 
is probably a result of Au biodissolution by the biofilms growing 
on the macrophyte, through cyanide complexation and further 
stabilization. Simultaneously, precipitation of hydroxide phases 
and reactions with thiolized molecules could also be a microor-
ganism-driven process, even though E. densa very probably plays a 
role in further transforming the oxidized Au species. These subse-
quent biotransformations could happen through Au adsorption or 
uptake10,44, the release of ROS that could lead to Au(OH)3 precipita-
tion45, or the emission of dissolved organics (potentially presenting 
thiol groups) that could reduce56, precipitate57 and/or further stabi-
lize31 the oxidized Au.

Conclusions
Contrary to previous assumptions about the stability of Au-NPs 
in oxic freshwater environments, this study clearly demonstrates 
that low doses of Au-NPs added into a complex and biologically 
active freshwater wetland environment are oxidized and complexed 
by biofilms growing on macrophytes. This is the result of series 
of occurrences, including the fact that E. densa and its associated  
biofilm are an important sink for nanoparticles, and that the  
associated biofilm produces cyanide in sufficient quantity to pro-
mote Au-NP oxidative dissolution. The formation of a mixture of 
oxidized gold complexed with cyanide, hydroxyl or thiol groups 
was probably due to several factors, as the presence of biofilms and 
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plant biomolecule emission are impacted by seasonal changes. The 
Au biotransformation would probably also not have been observed 
if the experiment had been done using higher nanoparticle doses, 
for shorter times, in a system with less biological complexity, or 
if macrophytes had not been included in the study and carefully  
examined. Furthermore, hydroxide and cyanide ligands responsible 
for Au-NP biotransformation can also bind to many other metals, 
making these biologically active compartments, and major sinks for 
NPs, potentially significant drivers of the fate of a broad range of 
metallic nanoparticles. Additional explorations are required to eluci-
date their role in metal nanoparticle geochemical cycling in aquatic 
environments. Finally, many (micro)organisms can release strong 
chelators, biomacromolecules, dissolved organic matter or amino 
acids that could also modify nanoparticle fate. Future research 
should focus on assessing, quantifying and modelling where, how 
and at what rates these types of biotransformation process will occur.

Methods
Methods, including statements of data availability and any asso-
ciated accession codes and references, are available at https://doi.
org/10.1038/s41565-018-0231-y.
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Methods
Au-NP synthesis and characterization. The citrate-coated Au-NPs were 
synthesized as described previously58. Au-NPs were 11.9 ±​ 1.2 nm in diameter 
(based on TEM) in the stock suspension and had an average hydrodynamic 
diameter of 41.3 ±​ 3.3 nm in filtered (0.45 µ​m) mesocosm water over a large 
pH range. The Au-NPs had a negative zeta potential over a large pH range in 
the mesocosm water. The hydrodynamic diameter and zeta potential in filtered 
mesocosm water at pH 7 were 10.9 ±​ 1.5 nm and −​14 ±​ 1.25 mV, respectively.

See Supplementary Fig. 2 for more details about Au-NP characterization. 
Dissolved Au (filtered with a 10 kDa membrane) in the stock solution was below 
the detection limit (1 µ​g l−1).

Wetland mesocosm set-up, sample collection and biofilm extraction. A large 
wetland mesocosm experiment (dimensions: 3.66 ×​ 1.22 ×​ 0.81 m), located in Duke 
Forest (Durham, NC, United States) (Supplementary Fig. 1) was set up to study the 
long-term effects of chronic low-concentration Au-NP exposure on aquatic biota 
(plants, phytoplankton, fish, invertebrates and microorganisms), and to perform 
a comprehensive analysis of the fate and transport of Au-NPs in a realistic and 
complex environment. The mesocosms contained terrestrial and aquatic plants, 
fish, freshwater snails and clams, planktonic and benthic organisms from a local 
wetland. Each week for six months, three mesocosms were dosed with 1 l of water 
augmented with 20 mg of Au-NPs, just below the water surface of the mesocosms. 
The total water volume in the mesocosms fluctuated with rainfall, but averaged 
about 300 l. Thus, the added amount of nanoparticles each week resulted in a water 
column concentration of ~70 μ​g l−1. Three control mesocosms were dosed weekly 
with the same volume of water without Au-NPs.

After six months of exposure, 35 shoots (20 cm each) of E. densa were harvested 
from both (1) control mesocosms (‘naive mesocosm’) and (2) mesocosms dosed 
weekly with Au-NPs (‘pre-exposed mesocosms’). Because the experiment was 
designed to continue for nine months in total, we could not harvest all of the E. densa 
biomass from the mesocosm. Thus, the total biomass of E. densa after six months 
of growth in the mesocosms had to be estimated. To estimate the total biomass in 
the mesocosms at t =​ 6 months, we used the relationship between E. densa growth 
rate and E. densa total biomass in 18 mesocosms at the end of the experiment (t =​ 9 
months) (see equation (6)). The E. densa growth rate was determined by harvesting 
the biomass colonizing a known small volume (three mesh columns of 0.0157 m3 
each) after 100 days. Note that these meshes were introduced 100 days before the 
plant harvest. The relationship between the measured E. densa biomass after nine 
months and its measured growth rate is given by 

.

= . × . + .− −

E densa

E densa

dry biomass (g)

49 4 growth rates (mg m day ) 336 2
(6)

3 1

This relation was then used to estimate the total biomass in the mesocoms 
after six months of the experiment based on the growth rate of E. densa 
during the 100 days before t =​ 6 months. The growth rate of E. densa after six 
months of experiment was 7.8 ±​ 2.9 mg m−3 day−1 in the naive mesocosms, and 
7.7 ±​ 1.8 mg m−3 day−1 in the Au-NPs exposed mesocosms, representing 721 ±​ 144 
and 717 ±​ 89 g of dry total biomass, respectively.

About 3 l of water was collected from the naive mesocosms. The pH of the 
water during the harvest was 8.49. This water was sterilized in an autoclave at 
121 °C for 20 min in moist heat. After one day, large settled particles were removed 
from the water. This sterilized water was used for the biofilm purification and Au 
biodissolution experiment described in the following.

Ten Egeria densa shoots (7 cm each) were immediately frozen after harvest. 
Five were used for X-ray absorption spectroscopy (XAS) analysis to determine Au 
speciation, and five were used for total Au concentration analysis by inductively 
coupled plasma mass spectrometry (ICP–MS). To collect the E. densa biofilm for 
laboratory experiments, 25 additional E. densa plants (20 cm each) were collected 
from either the naive or pre-exposed mesocosms. These were added to 400 ml of 
the sterile mesocosm water, gently shaken for 2 min to collect the biofilm growing 
on the leaves and then the plants were removed. The biofilms were washed three 
times by centrifugation at 12,000g for 10 min and the pellet was resuspended in 
sterile control mesocosm water. The last washed pellet was resuspended to reach 
130 g l−1 of biofilm (fresh mass), and was used as the final inocula of pre-exposed 
or naive biofilms. These wased inocula were immediatly frozen and used for 
subsequent DNA extraction and sequencing.

Concentration and speciation of Au associated with E. densa. Five E. densa  
shoots were dried at 105 °C for 48 h, ground, and acid digested using 
HNO3:H2O2:HCl (6:3:2). After dilution, the total Au concentration was measured 
by ICP–MS (Agilent 7700). The absence of drift during the analysis was verified by 
measuring two Au standards (5 and 10 ppb, Cole-Parmer) every ten samples. The 
calculated MDL was 0.5 mg Au per kg of dry plants.

For the speciation measurements, five frozen E. densa were freeze-dried 
at −​53 °C under a vacuum of 0.01 mbar, homogenized, pressed into 5 mm 
pellets, sealed into Kapton tape, and stored under an anoxic atmosphere before 
analysis. Reference compounds used were gold cyanide (Au(i)–CN, molar ratio 

Au0:NaCN 1:4 in deionized water) and gold cysteine (Au(i)–SH, HAuCl4:l-cystein, 
1:1 in 0.02 M NaCl57) synthesized and analysed as liquid samples, while gold 
nanoparticles (Au0), gold hydroxide (Au(iii)–OH), gold acetate (Au(iii)–OAc) 
and gold chloride (Au(i)–Cl)) were purchased from Sigma Aldrich as dry powder, 
diluted in sugar and pressed into 5 mm pellets.

XANES spectra were collected using a liquid-nitrogen cryostat at the Au–LIII 
edge (11,918 eV) in fluorescence mode using a 100-element Ge detector at Stanford 
Synchrotron Radiation Light Source (SSRL) on beamline 11-2. Spectra were energy 
calibrated using an Au metal foil collected simultaneously with the sample spectra. 
Three to six individual spectra were acquired per pellet to obtain representative 
spectra. To minimize the risk of beam damage, each spectrum was collected at a 
different pellet location. The spectra were then averaged and normalized using 
SIXpack data processing software, and linear combination fitting was realized using 
Athena software.

Laboratory incubations to assess Au-NP biodissolution by biofilms. The two 
biofilm inocula (naive or pre-exposed) were diluted to 130 mg l−1 (fresh weight) in 
30 ml of sterile control mesocosm water in glass vials covered with ethanol and UV 
sterilized parafilm to allow for gas exchange. They were incubated in the dark, at 
25 °C, 150 r.p.m. for 2 days. After this incubation period, the biofilms were exposed 
to 70 µ​g l−1 of Au-NPs, or were unamended (biotic control) to ensure the absence 
of Au in the undosed samples. Abiotic controls with Au-NPs in sterile control 
mesocosm water were also prepared to test for the potential for abiotic dissolution 
of Au-NPs. All treatments were replicated four times and incubated in the dark, at 
25 °C, 150 r.p.m. for two weeks.

During the 14 day dissolution experiment, 2 ml subsamples of the solution 
containing the biofilms were monitored for pH, and for total and dissolved Au 
concentration (defined as Au passing through a 10 kDa membrane; Amicon, 
Millipore, tested recovery with a gold-cyanide solution was 98%). The filtrate used 
to determine the dissolved Au fraction was acidified to 2% HCl and 6% HNO3. 
The unfiltered solution used to determine the total Au fraction was digested using 
HNO3:HCl 3:1 and diluted to 2% HCl and 6% HNO3.

After the 14 day exposure, subsamples of the solutions were immediately 
frozen. These samples were used for Au(CN)2

− analysis, or free cyanide 
measurements.

Biofilm characterization, biomass and composition. DNA extraction of the 
two biofilm inocula was performed using a Biofilm DNA Isolation Kit (Mo Bio 
Laboratories). DNA concentration was measured using a Qubit dsDNA BR assay kit 
and a Qubit 2.0 fluorometer (Invitrogen) following the manufacturer’s instructions. 
The DNA samples were shipped in 96-well plates to the sequencing facility at 
RTSF Michigan State University. We performed metagenomic DNA sequencing 
on an Illumina MiSeq sequencer with V2 chemistry to characterize the microbial 
community structure and composition. The bacterial community composition 
was determined by targeting the 16S rRNA gene (V4 region, primers 515f/806r). 
The sequences obtained were demultiplexed, trimmed, screened for chimaeras 
and clustered in OTUs at a 97% similarity threshold using the Qiime pipeline59. 
Taxonomic identification of the bacterial representative sequences was performed 
with the SILVA 128 database. For downstream community structure analysis, 
datasets were rarefied at the lowest sequencing depth: 12,266 sequences per sample.

To assess the biofilm growth over the 14 days of experiment, we measured 
the dry biomass present in subsamples taken from the solutions. The subsamples 
were filtered using a 0.45 µ​m filter that had been pre-dried at 100 °C for 24 h and 
pre-weighed. A 4 ml volume of each sample was collected and filtered under sterile 
conditions. The filters were dried at 100 °C over night, and weighed again to assess 
the dry biomass of the biofilm during incubation.

Cyanide ion and Au–cyanide complex measurements. The presence of cyanide 
ion in the dissolved fraction of the samples and the presence of Au–cyanide 
complexes in the total samples were determined. The free cyanide concentration 
was quantified with a cyanide-ion-selective electrode (Orion cyanide electrode, 
Thermo Scientific). This measurement was conducted in a fume hood to avoid 
potential exposure to volatile and toxic HCN. All of the standards (NaCN) used 
for the calibration curve, as well as the samples, were stabilized with alkaline ionic 
strength and pH adjustor solution (Orion, Thermo Scientific) so that the solution 
pH was >​11 to dissociate HCN into CN−, and the ionic strength was constant.

Detection of Au(CN)2
− was determined using a modified version of a method 

described previously60. The samples were filtered with glass-bed filters (0.22 µ​m) 
and analysed on an LC–MS/MS (liquid chromatography triple quadrupole mass 
spectrometry, Agilent 6430, Agilent 1100 Series). A 10 µ​l volume of sample was 
injected through a C18 column (Agilent Eclipse EBD-C18, 5 µ​M 4.6 ×​ 150 mm), 
delivered using a 1:1 isocratic mixture of H2O (18 MΩ​ cm, Millipore):methanol at a 
flow rate of 0.2 ml min−1. The MS was run in negative polarity mode scanning (MS2 
Scan) with a fragmentor energy of 80 V and cell accelerator voltage of 7 V. Nitrogen 
was used as the sheath gas. Masses (m/z) between 20 and 500 were scanned. The 
detection of Au(CN)2

− was performed via extracted ion chromatography (EIC) 
for ions that eluted between 6 and 11 min after injection and monitoring the 
spectrogram for peaks at m/z 249 using Agilent MassHunter Qualitative Analysis 
Worskstation Software peak selection.
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Statistical analysis. The effects of the inoculum type (naive or pre-exposed) and of 
Au-NP exposure (control or Au-NPs) on Au-NP dissolution potential and biofilm 
biomass each day were tested using a two-way ANOVA followed by Tukey’s HSD 
post hoc tests. The normality and homoscedasticity of the data were checked 
before conducting analyses. The similarity between the bacterial composition of 
the different samples was calculated using Bray–Curtis distances with the vegdist 
function of the Vegan package in R software (3.2.3 Version).

Data availability. The data that support the plots within this paper and other findings 
of this study are available from the corresponding author upon reasonable request.
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